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Abstract
The intestinal microbiome of vertebrates has been shown to play a crucial role in their digestive capabilities. This is particularly true for omnivores and herbivores that rely on enteric microbes to digest components of plant material that are
indigestible by host-derived enzymes. While studies of microbe-host interactions are becoming more frequent in terrestrial
systems, studies of this type are still limited in marine systems, particularly for higher trophic level organisms. Although
sharks are largely carnivorous, the bonnethead shark (Sphyrna tiburo) has been identified as an omnivore, given that it
assimilates seagrass material in addition to proteinaceous prey items such as crustaceans. The mechanisms by which bonnetheads digest seagrass, including microbial digestion, are still unknown. We use digestive enzyme assays, histological
imaging, measurements of microbial fermentation, and 16S rDNA sequencing to explore potential processes by which the
bonnethead shark may digest and assimilate plant material. We found evidence of microbial fermentation (as evident by
moderate short-chain-fatty-acid concentrations) as well as evidence of greater epithelial surface area in their spiral intestine
compared to other gut regions. We identified specific orders of microbes that make up the majority of the bonnethead shark
gut microbiome (Vibrionales, Clostridiales, Pseudomonadales, Mycoplasmatales, Rhizobiales, and others), some of which
are known, in other organisms, to be involved in the production of enzymes responsible for the breakdown of chitin (found
in crustacean shells) and components of cellulose (found in seagrass). Our results highlight that an organism from a stereotypical “carnivorous” group is capable of breaking down seagrass, including potential for some fiber degradation, as well as
advances our knowledge of gut microbe community structure in sharks.

Introduction
Vertebrates host an assortment of gastrointestinal microbes
that play crucial roles in their digestive physiology as well
as in other aspects of their life history (e.g., development,
immune protection, behavior; Van Soest 1994; Stevens and
Hume 1998; Ley et al. 2008; de Paula Silva et al. 2011;
Nicholson et al. 2012; Clements et al. 2014; Egerton et al.
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2018). Although most animals have at least some microbes
in their guts, those that consume plant material (herbivores
and omnivores) tend to possess a greater abundance and
diversity of microbes, and with the exception of ruminants
(Van Soest 1994), these microbes are largely found in animals’ hindguts, coinciding with microbe-derived digestive
enzyme activities in this gut region (Bryant 1997; Mackie
1997; Mountfort et al. 2002; Moran et al. 2005; Skea et al.
2005; Clements and Raubenheimer 2006; Fidopiastis et al.
2005; Ley et al. 2008; Sullam et al. 2012; Clements et al.
2014; German et al. 2015). Many herbivores and omnivores rely on these microbes to assist with the digestion
and assimilation of plant components (e.g., fiber, secondary
metabolites), which cannot be processed by the host. Plants
are sheathed in fibrous cell walls, and as such, microbial
digestion within an animal’s gut (mostly under anaerobic
conditions) is often critical to successful herbivory (e.g.,
Choat and Clements 1998; Karasov and Martinez del Rio
2007).
Herbivores tend to have longer and more complex gastrointestinal tracts relative to their body length compared to
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carnivores (e.g., Kramer and Bryant 1995; German and Horn
2006; Wagner et al. 2009). These longer guts accommodate
increased intake of a diet that tends to be lower in protein,
increasing the absorptive tissue surface area of the intestine
(e.g., Leigh et al. 2018a). This increased gut length can also
provide more surface area for the housing of taxonomically
and functionally diverse microbes (Moran et al. 2005; Liu
et al. 2016; McCue et al. 2017), including in herbivorous
fishes with expanded hindgut chambers (e.g., those in family Kyphosidae; Mountfort et al. 2002; Moran et al. 2005).
The gastrointestinal tracts of omnivores are quite disparate
and their gut structure, enzymatic activities, and microbial
composition will vary based on the ratio of protein and fiber
consumed (e.g., Liu et al. 2016; Leigh et al. 2018a).
There is an expanding literature addressing the roles of
the microbiota in terrestrial vertebrates (e.g., Dierenfeld
et al.1982; Ley et al. 2008; Russell et al. 2009; Kohl et al.
2011; Zhao et al. 2013; Kohl and Dearing 2014); however,
there are fewer studies investigating this topic in fishes (e.g.,
Rimmer and Wiebe 1987; Mountfort et al. 2002; Moran
et al. 2005; Nayak 2010; Givens et al. 2015; Liu et al. 2016;
Egerton et al. 2018; Earley et al. 2018; Escalas et al. 2021).
Fishes represent the largest taxonomic group of vertebrates
on the planet and thus, their impact on ecosystem functions
around the globe are vast (e.g., Choat and Clements 1998;
Karasov and Martinez del Rio 2007; Cortés et al. 2008;
Bucking 2016; Leigh et al. 2017). The majority of microbiome studies on fishes focus on species that are highly
relevant to aquaculture (Clements and Choat 1995; Ringø
et al. 1995, 2006, 2016; Harpaz and Uni 1999; Hovda et al.
2007; Zhou et al. 2009; Nayak 2010; Estruch et al. 2015) or
representative species from lower trophic levels (Rimmer
and Wiebe 1987; Mountfort et al. 2002; Moran et al. 2005;
Fidopiastis et al. 2005; Clements et al. 2007; Wu et al. 2012;
Liu et al. 2016; Hao et al. 2016) since such animals may be
more likely to be reliant on microbial digestion to obtain the
necessary nutrients from their food. There are few studies
focusing on the function of the gut microbiome in predatory
fishes, such as sharks (Sullam et al. 2012; Givens et al. 2015;
Freund 2019). Although sharks are generally thought to rely
less on their microbiota for digestive purposes, there is one
species that has been shown to function as an omnivore.
The bonnethead shark (Sphyrna tiburo; Fig. 1) consumes
a diet consisting of up to 62% seagrass (Thalassia testudinum) by gut content mass in juveniles, and up to 40% in
adults, with the remainder primarily consisting of crustaceans (Bethea et al. 2007, 2011). Furthermore, bonnetheads
digest approximately 50% and 52% of the organic matter and
neutral detergent fiber of seagrass, respectively, as well as
assimilate components of seagrass into their blood and tissues (Leigh et al. 2018b). Additionally, digestive enzymes
that are used in the degradation of components of cellulose
(i.e., β-glucosidase that digests cellobiose) have been found
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Fig. 1  Bonnethead shark (Sphyrna tiburo) with it’s digestive tract
divided into regions (stomach, proximal intestine, spiral intestine, and
distal intestine). Adapted from Leigh et al. (2018b)

in bonnethead shark hindguts, suggesting potential involvement from enteric microbes in the digestive process (Jhaveri
et al. 2015; Leigh et al. 2018b). Bonnethead sharks have
been previously suggested to utilize microbial fermentation
of seagrass in their spiral and distal intestine regions (Jhaveri
et al. 2015; Leigh et al. 2018b), but there is limited information regarding the potential functional role that their gut
microbiome plays in the digestion of seagrass or chitinous
crustacean exoskeletons.
In this study, we begin to examine the community structure of microbial symbionts in the digestive system of the
bonnethead shark. To do this, we used sharks reared on a
seagrass-rich diet in the laboratory, as well as wild-caught
individuals (Leigh et al. 2018b). We hypothesize that:
1. The microbial community composition will be different
between the different intestinal regions: proximal intestine (PI), spiral intestine (SI), and distal intestine (DI),
with the majority of the diversity and abundance occurring in the SI and DI. We used 16S rDNA sequencing
of the bonnethead gut bacterial communities to identify
possible operational taxonomic units (OTUs) that may
be assisting the bonnethead shark with the digestion of
seagrass. For example, taxa that are commonly associated with herbivory include those in the phyla Firmicutes (such as family Clostridiaceae), and Bacteroidetes,
among others (Clements et al. 2007; Sullam et al. 2012;
Liu et al. 2016; Campos et al. 2018).
2. Coinciding with host-derived and microbe-derived
digestion occurring in these regions, we expect the SI
and DI to have high tissue surface areas, compared to
the proximal intestine (PI), thus indicating that the SI
and DI are primary sites of nutrient absorption. We used
histological imaging to investigate the absorptive surface
area of the epithelial lining of the bonnethead digestive tract, a spiral (or scroll) intestine in the mid-region
of their digestive tract that is thought to increase their
absorptive surface area (Leigh et al. 2017).
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3. If microbial fermentation of plant material is occurring,
then we would expect to see high levels (i.e., 30–40 mM;
Clements et al. 2017) of short-chain fatty acids (SCFAs)
in the SI and DI of the sharks’ gut (compared to the
PI), since SCFAs are the end products of microbial fermentation (Bergman 1990). Additionally, SCFA concentrations should be higher in the guts of sharks fed a
seagrass-rich diet in the laboratory (90% seagrass diet;
Leigh et al. 2018b) than wild caught sharks with less
seagrass in their stomachs (up to 40% seagrass in adults;
Bethea et al. 2007). The seagrass fed to the sharks in
the laboratory was labeled with 13C (see Leigh et al.
2018b), so those individual sharks with greater isotopic
enrichment of their tissues (i.e., more seagrass products
assimilated) should have higher SCFA concentrations in
their guts, if microbial fermentation is indeed part of the
seagrass digestive process (Supplementary Table S1).
4. Finally, we would hypothesize that microbial enzymes
used for digestion of cellulose from seagrass and chitin
from crustacean shells (two components of the bonnethead shark diet) should be higher in their spiral intestine
(SI) and distal intestine (DI) regions. We have previously
measured the activity levels of β-glucosidase (BG),
which indicate the bonnethead’s abilities to breakdown
components of cellulose from plant material, which was
highest in the DI (Leigh et al. 2018b). In the present
study, we measure cellobiohydrolase, an exo-cellulase,
to determine whether or not cellulose can be broken
down microbially in the bonnethead gut. We also measured the activity levels of N-acetyl-β-d-glucosaminidase
(NAGase; chitin-degrading enzyme). Although Chondrichthyans do have NAGase in their genome (Callorhinchus milii, contig KI635942.1; www.e nsemb l.o rg;
Venkatesh et al. 2014), and thus, produce this enzyme
themselves, if the sources of NAGase are microbial,
then the activity levels should be highest in the distal
spiral intestine and distal intestine, consistent with their
suggested strategy of digestion that involves microbes
in the hindgut (Skea et al. 2005; German et al. 2015;
Jhaveri et al. 2015; Leigh et al. 2018b). If the seagrassrich diet fed to the sharks in the laboratory affects the
composition of the microbiome in the sharks’ SI and DI,
we would expect to see lower NAGase activities in the
lab-fed sharks since wild-caught sharks would consume
more chitin in crustacean exoskeletons.

Materials and methods
Shark collection and tissue preparation
Bonnethead sharks were caught off the coast of Layton,
FL, on Long Key (24º 50′ 2.6″ N 80º 48′ 32.2″ W) and off
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the southwestern coast of Key Biscayne (25º 41′ 05.9″ N
80º 10′ 41.0″ W; special activity license issued to YPP:
SAL-16-1825A-SRP; All experiments were approved by
FIU IACUC:15-026-CR01). These are the same individuals who were used for different data analyses in Leigh et al.
(2018b). Four sharks were subject to incidental mortalities
in the field and were immediately dissected for intestinal,
liver, and muscle tissue samples and henceforth are referred
to as the ‘wild-caught’ sharks. Five live sharks were transported to Florida International University (FIU) to partake in
feeding trials (henceforth the ‘laboratory-fed’ sharks). Once
at FIU, bonnethead sharks (n = 5) were kept in a 40,337 L
circular flow-through tank receiving water pumped directly
from Biscayne Bay and acclimated for at least 24 h. Prior
to the start of the feeding trial, initial body mass was collected for each individual shark. Each shark was fed a 90%
seagrass, 10% squid (Doryteuthis opalescens) diet equaling 5% of their initial body weight daily for three weeks.
The seagrass used in the feeding trial was labeled by adding powdered 13C-labeled sodium bicarbonate (1 g; 99 at.
%, Sigma-Aldrich Product No. 372382) into the seawater
in the tank. The seagrass was exposed to the 13C-labeled
sodium bicarbonate for four months prior to the start of the
feeding trial and all measured portions of the grass, including soluble and fibrous fractions, were heavily labeled with
13
C (Leigh et al. 2018b). The seagrass tank underwent a
water change once every week and new 13C-labeled sodium
bicarbonate (1 g) was added after every water change (as
described in Leigh et al. 2018b). Feedings were divided into
three feeding events per day. Sharks were moved into nearby
individual 946 L circular, closed-system, tanks during the
day for feedings to ensure that all sharks received a known
amount of food.
The sharks were moved back into the larger (40,337 L)
tank in the evening and overnight so that they could be
exposed to fresh, flowing seawater and oxygen. The smaller
tanks used for feeding and fecal collections were closed systems. At the end of each day, they were drained and cleaned.
The following morning, they were refilled with new seawater
from Biscayne Bay to repeat the feeding process. At the
conclusion of the feeding trial (3 weeks), all laboratory-fed
individuals were euthanized in 1% MS-222 solution, measured [standard length (SL), weighed (body mass (BM)] and
dissected on a chilled (approx. 4 °C) cutting board. Entire
gastrointestinal tracts were dissected out by cutting at the
esophagus and at the cloacal opening. Whole intestines
(excluding the stomach) were weighed and the intestine
length (IL) was measured. The intestine was divided into
proximal intestine (PI), spiral intestine (SI) and distal intestine (DI) regions. The length and mass of each individual
gut region was measured. The gut contents were removed
from each section by pushing along the intestine with the
edge of a glass microscope slide, placed into a 1.5 mL
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microcentrifuge tube, and frozen on dry ice before storage
at − 80 °C. All remaining tissue from the gut regions was
weighed and divided into three subsections (i.e., PI1, PI2,
PI3, etc.) to increase the resolution of understanding enzyme
activity levels along the digestive tract. The mucosal layer
was scraped from the internal tissue of each intestine region
using the edge of a glass microscope slide, placed into a
1.5 mL microcentrifuge tube, and frozen on dry ice before
storage at − 80 °C. Further details about shark collection,
husbandry, and tissue preparation can be found in Leigh
et al. (2018b).

Gut microbiome sample processing
The sample DNA was isolated from the mucosal scrapings
and gut contents for all gut regions (PI, SI, and DI) for both
the laboratory-fed and wild-caught sharks using the ZymoBIOMICS® DNA mini kit from Zymo Research. 16S rDNA
amplicon PCR was performed targeting the V4–V5 region
(selected based on previous literature; Caporaso et al. 2012;
Walters et al. 2016) using the EMP primers (515F [barcoded] and 926R; Caporaso et al. 2012; Walters et al. 2016).
A mock community (ZymoBIOMICS® Microbial Community Standard) was extracted and all downstream analyses
were run along with the intestinal samples as a control (Supplemental Fig. S1). The libraries were sequenced at the UC
Irvine Genomics High Throughput Facility using a miseq
v3 chemistry with a PE300 sequencing length. Sequencing
resulted in 24,085,008 reads passing filter, of which (x% are
PhiX) with an overall Q30 > x%. The raw sequences were
imported into qiime2 (qiime2.org; the “Moving Pictures
Tutorial” guided our analyses: https://d ocs.q iime2.o rg/2 019.
10/tutor ials/moving-pictures/). After initial sample quality check (99% identity threshold) and trimming (DADA2
in qiime2), there were 3,003,501 merged reads. From the
sequences, the first 5 bp were trimmed and the forward
reads were truncated at 299 bp and the reverse reads were
truncated at 242 bp. Both single-end and paired-end reads
were evaluated, but only forward single-end read results are
reported. The sequences were assigned a taxonomic classification using the September 2016 Ribosomal Database Project (RDP; rdp.cme.msu.edu), trained with the primer pairs
that were used to amplify the 16S rDNA region. Sequences
were confirmed one by one using the Basic Local Alignment
Search Tool (BLAST; blast.ncbi.nlm.nih.gov/Blast.cgi).
RDP was chosen over databases such as NCBI due to the
better curation of sequences and therefore greater reliability.
Any taxa that did not have a > 81.9% sequence match were
eliminated. This process, combined with the quality checks
as described earlier in the methods, resulted in 24 usable
samples (out of 54 total) to use in analyses (16 lab-fed, 8
wild; 6 PI, 4 PI gut contents, 3 SI, 2 SI gut contents, 3 DI, 6
DI gut contents; Supplementary Table S2). We chose to use
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OTUs instead of Amplicon Sequence Variants (ASV; Callahan et al. 2017), as the latter provides very little information
beyond rare bacterial taxa (Martinson et al. 2019), which is
not necessary in this type of study focused on broader community comparison (Glassman and Martiny 2018).
To analyze microbial community composition, alpha
diversity (Faith’s phylogenetic diversity) significance was
determined using a Kruskal–Wallis pairwise test (p < 0.05).
Beta diversity (Bray–Curtis dissimilarity) significance was
determined using a PERMANOVA (p < 0.05) with 999 permutations and a sequencing depth of 4000 (which was chosen to retain as many sequences as possible while ensuring
that all samples would be included in the analysis). Taxa
with abundances of zero were not included in these analyses.
These comparisons were also done to determine differences
by gut region amongst the laboratory-fed sharks. These statistical analyses were repeated using sex, final body mass,
and sampling location as covariates (independently). We followed the qiime2 “Moving Pictures Tutorial” to demultiplex
and control the quality of sequences. All statistical tests used
to analyze 16S rDNA sequencing results were run in qiime2.
The mock community controls were verified to confirm that
the kit extracted all of the relevant microbial taxa (including
gram positive and negative bacteria; Supplemental Fig. S1).
R studio (v. 1.0.136) was used to run an indicator species
analysis (De Cáceres and Legendre 2009) to determine the
abundance of any indicator species that may dominate the
community of a particular gut region.

Digestive enzyme assays
Gut mucosal samples and gut contents were defrosted,
diluted in 5–100 volumes of ice cold 0.05 M Tris–HCl, pH
7.5, and gently homogenized using a Polytron homogenizer
(Brinkmann Instruments, Westbury, NY) with a 7-mm
generator at a setting of 1100 rpm for 30 s. The homogenate samples were then stored at − 80 °C in small aliquots
(100–200 μl) until use in enzyme assays. Further details
can be found in the supplemental methods of Leigh et al.
(2018b). To determine the activity of enzymes that digest
components of chitin breakdown, we assayed N-acetyl-β-dglucosaminidase (NAGase) activity for all intestinal regions.
All enzyme assays were carried out at 22 ºC in duplicate
or triplicate using a BioTek Synergy H1 Hybrid fluorometer equipped with a monochromator (BioTek, Winooski,
VT, USA). All pH values listed for buffers were measured at room temperature (22 °C), and all reagents were
purchased from Sigma-Aldrich Chemical (St. Louis). All
reactions were run at saturating substrate concentrations
as determined for NAGase with gut tissues from bonnethead sharks. Enzyme activity was measured in each subdivision of each gut region of each individual shark, and
blanks consisting of substrate only and homogenate only
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(in buffer) were conducted simultaneously to account for
substrate and/or product in the tissue homogenates and
substrate solutions. NAGase activities were measured following German et al. (2011) using 200 μM solutions of the
substrate 4-methylumbelliferyl-N-acetyl-β-d-glucosaminide,
dissolved in 25 mM Tris–HCl (pH 7.5; sodium acetate pH
5.5 for the colon tissue and contents). Briefly, 90 μL of substrate was combined with 10 μL of homogenate in a black
microplate and incubated for 30 min. Following incubation,
2.5 μL of 1 M NaOH was added to each microplate well, and
the fluorescence read immediately at 365 nm excitation and
450 nm emission. Each plate included a standard curve of
the product (4-methylumbelliferone), substrate controls, and
homogenate controls, and enzymatic activity (μmol product released per minute per gram wet weight tissue) was
calculated from the MUB standard curve. A fluorimetric
substrate for Cellobiohydrolase, an exo-cellulase (German
et al. 2011), was also used, but no activity was detected.
Thus, we also attempted a reducing sugar assay for total
cellulolytic activity following German and Bittong (2009)
(using carboxymethyl cellulose as the substrate) and no
activity was detected for any gut region. Hence, we only
include detailed methods and results for NAGase here since
all other methods and results for additional enzymes were
either already reported in Leigh et al. (2018b) or resulted in
no activity to report.
Comparisons of enzymatic activities were made among
gut regions for the lab-fed and wild-caught sharks as separate groups with analysis of variance (ANOVA) followed
by a Tukey’s honest significant difference with a family
error rate of p < 0.05. Comparisons of enzymatic activities
between laboratory-fed sharks and wild-caught sharks were
made for each gut region using unpaired t-tests with a Bonferroni-corrected error rate of p < 0.006. All statistical tests
described above were performed in R studio (v. 1.0.136).

Histology
Upon removal from the body, the digestive tracts of each
individual shark (both laboratory-fed [n = 5] and wild-caught
[n = 4]) were gently removed and three 1 cm sections were
excised from each of the proximal, spiral, and distal intestine and placed in their own individual vials containing
fresh Trump’s fixative, pH 7.5 (4% formaldehyde, 1% glutaraldehyde, in 10 mM sodium phosphate [monobasic] and
6.75 mM sodium hydroxide; McDowell and Trump 1976).
These tissues were then allowed to fix for at least one week
at 4 ºC. Following fixation, the tissues were removed from
the fixative and rinsed in 0.1 M phosphate buffered saline
(PBS), pH 7.5, for 3 × 20 min, and a final rinse overnight at
4 ºC. Following rinsing in PBS, the tissues were rinsed for
40 min in running DI water, and prepared following German
(2009b). Intestinal tissues were serially sectioned at 7 μm,
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stained in hematoxylin and eosin (Presnell and Schreibman
1997), and photographed at 40×, 60×, and 120× with a Cannon EOS Rebel T6i digital camera attached to a Zeiss Axioskop2 plus light microscope. Image J analytical software
(Abrámoff et al. 2004) was used to measure the mucosal surface area by tracing the mucosal surface area in the images
of each gut region for both the laboratory-fed (n = 5) and
wild-caught sharks (n = 4; two images per intestinal region
[PI, SI, and DI; these were not further subdivided into three
sub regions per region], per individual shark; six images
total analyzed per shark) and then converting pixels to cm2,
given the magnification at which the image was taken. Epithelial surface area per length of intestine was also calculated (cm2/cm).
Comparisons of intestinal epithelial surface area were
completed using an ANCOVA (with body mass as a covariate as done by German et al. (2014) and Leigh et al. 2018a)
followed by a Tukey’s honest significance difference with a
family error rate of p < 0.05 to compare among gut regions
and an unpaired t test with a Bonferroni-corrected error rate
of p < 0.006 was used to compare laboratory-fed sharks to
wild-caught sharks. All statistical tests described above were
performed in R studio (v. 1.0.136).

Microbial fermentation
Measurements of symbiotic fermentation activity were based
on the methods of Pryor and Bjorndal (2006), as described
in German and Bittong (2009). Fermentation activity was
indicated by relative concentrations of short-chain fatty acids
(SCFA) in the fluid contents of the spiral and distal intestines of the sharks. As described above, spiral and distal
intestine contents were frozen in sterile centrifuge vials. Gut
content samples were weighed, thawed, homogenized with
a vortex mixer, and centrifuged under refrigeration (4 ºC)
at 16,000×g for 10 min. The supernatant was then pipetted
into a sterile centrifuge vial equipped with a 0.22 μm cellulose acetate filter (Costar Spin-X gamma sterilized centrifuge tube filters; Coming, NY, USA) and centrifuged under
refrigeration at 13,000×g for 5 min to remove particles from
the fluid (including bacterial cells). The filtrates were collected and frozen until they were analyzed for SCFA and
nutrient concentrations.
Concentrations of SCFA in the gut fluid samples from
SI and DI gut regions were measured using gas chromatography. Samples were hand-injected into an Agilent Technologies 7890A gas chromatograph system equipped with
a flame ionization detector. Two microliters of each sample
were injected onto a 2 m long stainless steel column (3.2 mm
ID) packed with 10% SP-1000 and 1% H3PO4 on 100/120
Chromosorb W AW (Supelco, Inc., Bellefonte, PA, USA).
An external standard containing 100 mg l:1 each of acetate,
propionate, isobutyrate, butyrate, isovalerate, and valerate
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was used for calibration. A 20% phosphoric acid solution
was used to clear the column between samples, followed by
rinses with nanopure water. The SCFA concentrations are
expressed as mM of gut fluid.
Comparisons of SCFA concentrations between laboratory-fed sharks and wild-caught sharks were made for each
gut region using unpaired t-tests with a Bonferroni-corrected
error rate of p < 0.006. Comparisons of SCFA concentrations
between spiral and distal intestine regions were made in the
same manner. Additionally, SCFA and branch-chain fatty
acids (BCFA; isovalerate and isobutyrate) for the lab-fed
and wild-caught sharks’ spiral intestines (peak gut region)
were compared to peak gut region data on bony fishes from
Clements et al. (2017) and Clements and Choat (1995) to
provide context for whether the bonnethead sharks from
the current study align more with carbohydrate-fermenting
fishes or protein-fermenting fishes in terms of their microbial fermentation. Total SCFA concentrations for each of the
laboratory-fed sharks’ SI were also regressed against stable
isotope analysis (SIA) of blood plasma data from Leigh et al.
(2018b), including a Pearson’s correlation analysis. Details
on the SIA methodology and results, including compound
specific SIA, can be found in Leigh et al. (2018b) and were
performed using tissues from the same animals reported on
in the current study. All statistical tests described above were
performed in R studio (v. 1.0.136).

Fig. 2  Bray–curtis PCoA plot
depicting microbial community
diversity for all gut regions:
proximal intestine (PI), spiral
intestine (SI), and distal intestine (DI) and gut contents from
each region for both the lab-fed
and wild-caught sharks. 95.05%
of the variance is explained
by the first three axes. The PI
showed significantly distinct
microbial community structure
when compared to both the
SI and DI (PERMANOVA:
p = 0.003). SI and DI showed
no significant differences when
compared to each other (p = 0.8)
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Results
Enteric microbial diversity
There were no significant differences between the laboratory-fed and wild-caught sharks in terms of their alpha
(Faith’s phylogenetic diversity; p = 0.8) and beta (Bray–Curtis dissimilarity; p = 0.6) microbial diversity for all gut
regions combined. As such, all of the sharks (both lab-fed
and wild-caught) are combined as one group for the comparisons among gut regions. When all OTUs were included in
the analyses, the PI mucosal scrapings had distinct community structure when compared to both the SI and DI mucosal
scrapings using a pairwise statistical test (PERMANOVA:
p = 0.003; Fig. 2). SI and DI showed no significant differences when compared to each other (p = 0.8). The top 10
most abundant OTUs present in the samples were Photobacterium damselae, Clostridiaceae, Peptostreptococcaceae,
Pseudomonas veronii, Photobacterium, Vibrio, Mycoplasma, Candidatus Heptoplama, Clostridium perfringens,
and Phyllobacterium (Fig. 3; Table 1). The top five orders
were Vibrionales, Clostridiales, Rhizobiales, Pseudomonadales, and Mycoplasmatales (Table 1). A full list of the
OTUs identified and their occurrence in each gut region for
each shark can be found in Supplemental Table S2. These
statistical analyses were repeated using sex, final body mass,
and sampling location as covariates (independently) and
the same differences were found (Supplemental Table S4).
The species indicator analysis determined that an unknown
Clostridiaceae was the main driver of differences observed
in community structure between the proximal intestine and
the other gut regions (p < 0.01). Furthermore, the two lab-fed
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Fig. 3  Taxonomy bar plot for proximal intestine (PI), proximal intestine gut contents (PIGC), spiral intestine (SI), spiral intestine gut contents (SIGC), distal intestine (DI), and distal intestine gut contents
(DIGC) of both the laboratory-fed and wild-caught sharks depicting
the relative frequency of each bacterial Operational Taxonomic Units
(OTUs) detected from 16s rDNA sequencing results. While all OTUs

are included in the figure, only the top 10 OTUs are included in the
legend. Some of the colors in the figure repeat, as such, the legend
only covers the first instance of each color from right to left. Any
repeats after those listed in the legend are different taxa. A list of all
OTUs and their abundance per sample can be found in Supplemental
Table S2

Table 1  The average percent abundance of the top five bacterial
orders for each gut region (proximal intestine [PI], spiral intestine
[SI], and distal intestine [DI]) and gut contents (GC) of each region.

Since no significant differences were found between laboratory-fed
and wild-caught sharks, the sequences were combined when determining average percent abundance

Vibrionales
Clostridiales
Pseudomonadales
Rhizobiales
Mycoplasmatales

PI

PIGC

SI

SIGC

DI

DIGC

44.3
54.5
0.774
0.222
0.277

51.6
47.4
0.743
0.220
0.009

96.2
3.62
0.051
0.113
0.057

99.3
0.687
0.027
0.015
0.018

98.5
1.40
0.057
0.014
0.004

97.6
1.42
0.088
0.318
0.544

sharks (Shark 1 and Shark 3 in Supplemental Table S2)
with the highest SCFA levels and the highest stable isotope enrichment also had distinct microbial communities
when compared to the other lab-fed sharks in their proximal
intestine mucosal scrapings (PERMANOVA: p = 0.01) and
in their distal intestine gut contents (p = 0.03).

Intestinal surface area, gastrointestinal
fermentation measurements, and enzymes
There were no significant differences between laboratory-fed
or wild-caught sharks in terms of their mucosal epithelial
surface area (p = 0.12, Fig. 4; Supplementary Fig. S2). Surface area in the SI (3057 c m2 for lab-fed; 2904 c m2 for wildcaught) was significantly greater than either the PI (1402
cm2 for lab-fed; 1009 c m2 for wild-caught) or DI (1646 c m2

for lab-fed; 1416 c m2 for wild-caught) regions (p = 0.023 and
p = 0.031 respectively; Supplementary Fig. S2). Epithelial
surface area (cm2) per length of intestine (cm) was also calculated for the PI (lab-fed: 3497 cm2/cm, wild-caught: 2821
cm2/cm), SI (lab-fed: 8935 cm2/cm, wild-caught: 9251 cm2/
cm), and DI (lab-fed: 3670 cm2/cm, wild-caught: 3357 cm2/
cm). The SI showed significantly greater epithelial surface
area per length of intestine (p < 0.05).
Average short-chain-fatty-acid measurements by gut
region were 16.5 mM (laboratory-fed SI), 10.8 mM (laboratory-fed DI), 8.5 mM (wild-caught SI), and 8.1 mM
(wild-caught DI; Fig. 5; Supplementary Table S1). For
the SI and DI for both the laboratory-fed and wild-caught
sharks, acetate was the most abundant SCFA (31.7% of
total SCFA concentration for lab-fed SI, 28.9% for lab-fed
DI, 35.9% for wild-caught SI, and 36.7% for wild-caught
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DI), followed by propionate (17.5% of total SCFA concentration for lab-fed SI, 16.9% for lab-fed DI, 21.8% for
wild-caught SI, and 21.7% for lab-fed DI) and butyrate
(14.5% of total SCFA concentration for lab-fed SI, 14.7%
for lab-fed DI, 12.8% for wild-caught SI, and 12.2% for
wild-caught DI; Supplementary Table S1). The branchedchain fatty acids (BCFAs; isobutyrate and isovalerate)
were summed and percent concentrations by gut region are
as follows: 23.4% (lab-fed SI), 24.7% (lab-fed DI), 19.2%
(wild SI), and 20.1% (wild DI; Supplementary Table S1).
There was a strong, positive correlation (R 2 = 0.8901,
p = 0.02) between the SCFA in the lab-fed sharks’ SI

Fig. 4  Histological crosssections of proximal, spiral,
and distal intestinal tissue of
wild-caught and laboratory-fed
sharks. Tissues were stained
with hematoxylin and eosin.
Scale bars are 1000 μm for each
row of images. No significant
differences between lab-fed and
wild-caught for any gut region
(p > 0.05). SI has significantly
larger intestinal surface area
than PI and DI for both groups
(p < 0.05)
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region and the amount of 13C enrichment measured for
the blood plasma of those sharks in Leigh et al. (2018b;
Fig. 6).
No cellobiohydrolase activity was detected in any
region of the bonnethead shark intestine (for both labfed and wild-caught individuals). No N-acetyl-β- d glucosaminidase (NAGase) activity was detected in the
PI for either shark group. NAGase activity levels were
significantly higher in the distal intestine compared to
other gut regions (PI and SI; with the exception of the
SI3 region) for both laboratory-fed and wild-caught sharks
(p < 0.014; Fig. 7).
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Fig. 5  Total short-chain fatty acid (SCFA) vs. branched-chain fatty
acids (isobutyrate and isovalerate summed) as a percentage of total
SCFA. Black circles represent individual laboratory-fed sharks. Open
circles represent individual wild-caught sharks. Diamonds, triangles,
and rectangles represent data on protein-fermenting, mix-fermenting,
and carbohydrate-fermenting bony fishes, respectively, from Clements et al. (2017) and Clements and Choat (1995). (1) Naso litu-

Fig. 6  Peak gut region (spiral intestine) short-chain fatty acid concentration (SCFA; mM/L) vs. stable isotope enrichment of blood
plasma (δ13C). Each data point represents values for individual laboratory-fed sharks. Stable isotope enrichment data is from Leigh et al.
(2018b)

Discussion
We have begun to characterize the taxonomic composition of the gut microbial community structure of the
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ratus, (2) Naso unicornis, (3) Zebrasoma scopas, (4) Acanthurus
nigricans, (5) Acanthurus nigrofuscus, (6) Acanthurus lineatus, (7)
Naso vlamingii, (8) Naso hexacanthus, (9) Naso annulatus, (10) Naso
brevirostris, (11) Abudefduf septemfasciatus, (12) Abudefduf sordidus, (13) Bolbometopon muricatum, (14) Scarus niger, (15) Chlorurus spilurus, (16) Scarus flavipectoralis, (17) Scarus schlegeli, (18)
Scarus rivulatus

Fig. 7  N-acetyl-β-d-glucosaminidase (NAG) activity in the digestive
tracts of bonnethead sharks. Open circles represent mean ± standard
deviation values for wild-caught sharks, while filled circles represent
laboratory-fed sharks. No significant differences were found between
laboratory-fed and wild-caught sharks (p < 0.05). Differing letters
above data points indicate significant difference among gut regions:
PI, SI and DI (p < 0.05)

bonnethead shark and have provided further inferential
support that the digestion and assimilation of seagrass
as well as chitinous material is occurring. This is based
on the presence of β-glucosidase (BG; reported in Leigh
et al. 2018b) and NAGase in the spiral and distal intestine regions (elevated activity levels compared to the
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proximal intestine region), greater absorptive surface
area measurements in the spiral intestine compared to
the other gut regions, moderate levels of microbial fermentation in the spiral and distal intestines (compared to
known carbohydrate-fermenting fishes), and the presence
of diverse microbial taxa throughout the intestine. Protein digestion is also evident from the presence of protein
degrading enzymes (reported in Leigh et al. 2018b). Thus,
beyond complex carbohydrates, the greater surface area in
the spiral intestine, coupled with elevated expression and
localization of Peptide Transporter 1 (Hart et al. 2016),
may also assist in increasing absorptive surface area and
direct absorption of amino acids, critical components of
the shark’s diet, in this gut region. Furthermore, the SCFA
levels, particularly of the wild sharks, align with that of
known protein-fermenting bony fishes (Fig. 5).
Vibrionales accounted from 44.3 to 99.3% of all reads
from the intestinal samples (Fig. 3). Vibrionales (specifically Vibrio and Photobacterium) accounted for 70% of
sequence reads according to a meta-analysis of the gut
communities of marine fishes (Sullam et al. 2012) and has
also been found on the phyllosphere of seagrasses (Ugarelli
et al. 2017). In the bonnethead shark samples, Photobacterium damselae was found in all samples that were assayed
in levels greater than 5000 occurrences for each sample.
Strains of Vibrio have been found to produce hydrolytic
enzymes (amylase, lipase, cellulase, chitinase, and others)
responsible for the breakdown of various dietary components (Hamid et al. 1979; Gatesoupe et al. 1997; Henderson and Millar 1998; Itoi et al. 2006; MacDonald et al.
1986; Ray et al. 2012; Egerton et al. 208). However, it is
difficult to attribute specific functions to Vibrio taxa given
that they are known to acquire novel traits via horizontal
gene transfer (Abushattal et al. 2020). Overall, Vibrio and
Photobacterium are commonly found in carnivores, while
herbivorous microbiomes engaged in carbohydrate fermentation are generally dominated by OTUs in the phyla Firmicutes and Bacteroidetes (Clements et al. 2007; Sullam et al.
2012; Campos et al. 2018). Although Bacteroidetes were
not highly abundant in the bonnethead sharks, Clostridiales (phylum Firmicutes) was the second most abundant
order present in their guts (40 different taxa belonging
to Clostridia were identified in the samples), which has
been observed in herbivorous fish species (e.g., Clements
et al. 2007; Kim et al. 2007; Givens et al. 2015; Liu et al.
2016; Parris et al. 2019), as well as on the phyllosphere
of seagrasses (Ugarelli et al. 2017), but its exact function
is unknown. Pseudomonadales (phylum Proteobacteria),
the third most abundant order in the bonnethead shark gut
(though the majority of the taxa identified only occur in two
or three of the samples), has been shown to increase in the
guts of rainbow trout (Oncorhynchus mykiss) when levels
of plant material are increased in the diet, although their
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exact role is also unknown (Michl et al. 2017). In the bonnethead sharks, the most abundant Pseudomonadales OTU
was Pseudomonas veronii, which has been associated with
the degradation of numerous organic materials (Michl et al.
2017). This was followed by Pseudomonas aligenes, which
occurred in smaller amounts than P. veronii, but was present
in all but two of the samples. Rhizobiales, the fourth most
abundant order (with 20 unique taxa identified), has been
shown to be present in the guts of herbivorous ant species,
while absent in carnivorous ant species (Stoll et al. 2007;
Russell et al. 2009). Rhizobiales has also been found in
zebrafish (Danio rerio; Earley et al. 2018) and have been
associated with nitrogen fixation (Stoll et al. 2007; Russell
et al. 2009). Finally, Mycoplasmatales were the fifth most
abundant order. They have been found to make up a large
proportion of the gut microbiota in numerous organisms,
but their function has been explored mostly in mice models
and has been associated with aiding in immune responses
(Zhao et al. 2013). Therefore, although there are common
gut microbial denizens in the bonnethead digestive tract,
the relatively low abundances of some taxa (specifically
those in the Bacteroidetes) argue against these animals
being largely dependent on microbial fermentation of plant
carbohydrates (fiber included) to meet their daily energetic
needs, and this is corroborated by our data in the context of
other fishes from varying trophic levels (Fig. 5). While they
may obtain some carbon resources (e.g., carbohydrates) for
energy from plant material, they likely use more proteinaceous resources for tissue maintenance (e.g., Raubenheimer
et al. 2005).
The presence of β-glucosidase (BG; previously reported
in Leigh et al. 2018b) and NAGase in the distal intestine
suggests that components of cellulose and chitin breakdown
products (i.e., cellobiose and chitobiose, respectively) can
be digested (Jhaveri et al. 2015). Although adult bonnetheads eat large amounts of seagrass (40% by mass in some
populations; Bethea et al. 2007), the majority of their diet
is still composed of crustaceans (crab, shrimp; Cortés et al.
1996), which have chitinous exoskeletons. Interestingly,
with billions of metric tons produced annually, chitin is the
most common biopolymer in the ocean (Souza et al. 2011),
so observations that marine organisms can digest chitin
(Alliot 1967; Danulat and Kausch 1984; Fange et al. 1979;
Gutowska et al. 2004; Freund 2019), with the possible aid of
microbial symbionts, is not surprising. Chitinase activities
are known from other sharks, specifically in their stomachs
and pancreatic tissues (e.g., Fange et al. 1979; Gutowska
et al. 2004), and the Elephant Shark (Callorhinchus milii,
a Holocephalan) has N-acetyl-β-d-glucosaminidase (contig
KI635942.1) and acidic chitinase (contig KI635924.1) in
their genome (ensemble.org; Venkatesh et al. 2014). Thus,
the bonnethead may indeed digest chitin, but the location
of NAGase activities in the hindgut, suggests a microbial
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source for this enzyme (German et al. 2015). This is consistent with the suggested strategy of digestion that involves
microbes in the hindgut that has been identified in other
fishes (i.e., Skea et al. 2005; German et al. 2015; Jhaveri
et al. 2015; Leigh et al. 2018b). However, since there were
no significant differences in NAGase activity between the
laboratory-fed and wild-caught sharks, the function of
microbes related to chitin digestion did not change based on
the quantity of chitin in the diet, contrary to our hypothesis
on this matter.
The presence of the spiral intestine (which has a scroll
shape; Leigh et al. 2017, 2018b), increases absorptive surface area and likely slows the rate of digesta transit in this
gut region (Supplementary Table S3; Jhaveri et al. 2015;
Leigh 2019), which suggests that microbes contributing to
seagrass digestion would likely be most active here. Furthermore, the enzyme results (presence of BG and NAGase
activity in the beginning of hindgut) lend support to the idea
that the distal-most region of the spiral intestine is acting
similarly to a rudimentary colon, especially given that this
region does not have rich folding patterns and has numerous
acid mucins (Theodosiou and Simeone 2012; Leigh et al.
2017).
The evidence of SCFAs in the bonnethead gut suggests
the presence of anaerobic microbes since SCFAs are the end
products of microbial fermentation (Bergman 1990). In the
laboratory-fed sharks, we found 16.5 mM total SCFA in the
SI and 10.8 mM in the DI, comparable to levels in fish species that appear to digest and assimilate more proteinaceous
diets (Fig. 5). Much higher SCFA concentrations (> 40 mM)
are common in the guts of herbivorous fishes from tropical
environments that are more reliant on fermentation to meet
their energetic needs (Fig. 5). Additionally, German (2009b)
and German et al. (2010) found that carnivorous species
of minnows had total SCFA concentrations of 16 mM and
14 mM respectively for their entire guts, which is similar
to the wild-caught sharks in our study (~ 16 mM for spiral + distal intestine concentrations), whose diets presumably
consisted of less seagrass than our lab-fed sharks. Thus, the
higher levels of fermentation in the laboratory-fed individuals can likely be attributed to the larger concentrations (90%
by mass) of seagrass in their diet leading to more fermentable substrates. Wild adult sharks do not normally consume
this much seagrass (adults have up to 40% seagrass in their
guts in some populations; Bethea et al. 2007). Acetate, propionate, and butyrate, all of which are end products of carbohydrate catabolism via microbes, when combined, usually
compose > 90% of the SCFA found in herbivorous fishes
(Clements and Choat 1995; Clements et al. 2017). Fishes
with more amino acid fermentation occurring in their guts
tend to have more isovalerate and isobutyrate present (Clements and Choat 1995; German 2009a). In the bonnetheads,
acetate, propionate, and butyrate compose about half of the
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total SCFAs in the shark’s intestines, with about 20% of
the total SCFA accounted for by isovalerate and isobutyrate
(Fig. 5), the latter of which is elevated in comparison to herbivorous fishes (Clements and Choat 1995; Clements et al.
2017). Hence, there is clear evidence of microbial fermentation occurring in the bonnetheads, but the high levels of
isovalerate and isobutyrate argue for fermentation of amino
acids occurring more so than purely of carbohydrate (especially cellulose). Interestingly, the sharks consuming a 90%
seagrass diet in the laboratory had elevated SCFA concentrations in their SI when compared to the SI of the wild-caught
sharks (Fig. 5; Supplementary Table S1), but still maintained
elevated levels of isovalerate and isobutyrate, putting them
in a different position than natural herbivores or omnivores,
suggesting both carbohydrate and amino acid fermentation
(Fig. 5), at least on this relatively short time scale of three
weeks. Furthermore, the total SCFA concentrations found in
the SI of each individual laboratory-fed shark have a nearly
linear relationship with the stable isotopic enrichment values
for 13C found in Leigh et al. (2018b) in the blood plasma
of the same sharks (Fig. 6), suggesting that microbial fermentation and seagrass assimilation may be correlated, but
this should be evaluated further. Although our sample size
is low (n = 5 laboratory animals), the culmination of these
data suggest that more active microbial digestion may lead
to increases in seagrass assimilation, but we cannot discern
the contribution of soluble (e.g., protein, soluble sugars) and
insoluble (e.g., fiber) seagrass components to these results.
Nevertheless, our data indicate that these sharks can exhibit
digestive plasticity in response to an increase in seagrass
material in their diet.
Analyses of captive bonnethead enteric microbiomes, at
least for short time periods, may be reflective of their wild
counterparts for some gut regions (proximal intestine), but
not others (spiral and distal intestines). Overall, previous
studies suggest that the microbial community of captive
fishes can differ substantially from those of wild populations (Fishelson et al. 1985; Montgomery and Pollak 1988;
Clements et al. 2014).
A significant difference in microbial community composition was observed between the PI and the SI as well as
between the PI and DI, indicating that the distinct intestinal
regions host microbes that likely play very different roles in
the digestive process (Figs. 2 and 3). It has been suggested
that the PI can pass bacterial populations to more distal sections of the gut (Moran et al. 2005; Clements et al. 2014;
McCauley et al. 2020), and therefore, while it is important
to treat different regions of the digestive track separately
in microbial analyses to increase the resolution of our
understanding of community composition, it is also important to acknowledge that microbes may be passed between
these regions and therefore there may be overlap. We also
acknowledge that within each order we have discussed,
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there are far more specific OTUs that have various functions depending on their environment and that exact function
cannot be known with 16S rDNA sequencing alone. The use
of programs like PICRUSt, while beneficial in analyzing
the functional role of microbes in human studies, are risky
in unknown environments (Langille et al. 2013; Abushattal
et al. 2020), like the guts of sharks, because strains of the
same basic OTU can vary in function depending on environment (e.g., Shade et al. 2012; Sunagawa et al. 2015). Future
studies should incorporate several “omics” approaches,
including metagenomics (e.g., Freund 2019), transcriptomics (e.g., Martin et al. 2016), proteomics (e.g., Starr et al.
2018), and metabolomics (e.g., Casu et al. 2017) to further
understand microbial functions within the guts of the bonnethead shark specifically. Furthermore, it is worth noting
that the quality control checks of the sequences resulted in
small sample sizes for certain gut regions which can impact
the interpretation of the results. However, the results presented here are a critical first step in beginning to classify
and understand the gut microbiome in this unique shark species and in sharks in general.
These results and those of Leigh et al. (2018b) show the
bonnethead shark is capable of digesting seagrass material. The shark’s guts have enzymatic activity necessary to
breakdown components of seagrass (including cellobiose),
all individuals gained weight on a 90% seagrass diet in the
lab (Leigh et al. 2018b), they have high surface area for
maximum absorption in their spiral intestine (although this
is likely true of all sharks), and they have microbial fermentation occurring in their spiral and distal intestines which
coincides with some of the possible functions of the orders
of bacterial taxa present in these gut regions. The sharks
are not showing the same elevated levels of enteric fermentation seen in well-known carbohydrate-fermenting fishes
(e.g., Naso lituratus; Clements and Choat 1995; Clements
et al. 2017), but the sharks do show some plasticity with
greater SCFA concentrations in their guts when eating a
seagrass-rich food (Fig. 5). Indeed, bonnethead sharks can
digest ~ 52% of the neutral detergent fiber in seagrass (Leigh
et al. 2018b), but their digestibility of soluble carbohydrates
is significantly greater (~ 80%; Leigh et al. 2018b) and we
have shown that they possess microbes that could potentially be aiding in this soluble carbohydrate digestion (i.e.,
Clostridiales). The correlation between total SCFA concentrations and isotopic enrichment in individual sharks eating
13
C-labeled seagrass suggests a possible microbial role in
seagrass digestion.
One aspect of our analysis that we are left unable to
explain is the lack of true cellulolytic activity in the guts
of the sharks. We were unable to detect cellulase activity
with substrates for cellobiohydrolase or total cellulase,
yet the sharks can digest about 43% of the acid detergent
fiber of seagrass (Leigh et al. 2018b), which would largely
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be cellulose (Bjorndal 1980). The Goering and Van Soest
(1970) method used in the current study has been previously shown to be effective at determining the fiber content
of seagrasses (Trevathan-Tackett et al. 2017) as well as the
fiber digestibility of other organisms, such as dugongs, that
consume seagrasses (Lanyon and Sanson 2006). Therefore,
it may be that the cellulase we measured, cellobiohydrolase, is not common in animal guts, particularly shark guts.
Additionally, we attempted the total cellulase assays after
the samples were frozen for an extended period of time
(Solovyev and Gisbert 2016). Thus, the lack of cellulolytic
detection may be more methodological than a true absence,
and should be the focus of future studies. It is possible that
the highly acidic stomach (pH 1–2; Papastamatiou 2007) of
sharks may aid in the initial degradation of cellulose (Horn
1989), but evidence of this is lacking (Zemke-White et al.
1999).
Overall, the bonnethead shark does have a digestive tract
that can at least process the soluble portions (and likely
some of the fiber) of the large quantities of seagrass that pass
through it. However, the sharks appear to be largely reliant
on host-derived digestive processes. While the microbiome
may contribute to the digestion of seagrass and animal material, more work is needed to pair specific microbial taxa
with their specific functions in the bonnethead shark gut
(e.g., Casu et al. 2017). Our results highlight the importance
of combining studies of microbial community composition
with an informed context of host ecology and physiology.
This approach should be utilized when investigating these
topics in other fish species and other vertebrates in general
so that we can better understand the complex relationship
between microbe and host.
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