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Abstract. A large proportion of the world’s carbon is stored as soil organic matter
(SOM). However, the mechanisms regulating the stability of this SOM remain unclear. Recent
work suggests that SOM may be stabilized by mechanisms other than chemical recalcitrance.
Here, we show that the mineralization rate of starch, a plant polymer commonly found in litter
and soil, is concentration dependent, such that its decomposition rate can be reduced by as
much as 50% when composing less than ;10% of SOM. This pattern is largely driven by low
activities of starch-degrading enzymes and low inducibility of enzyme production by microbial
decomposers. The same pattern was not observed for cellulose and hemicellulose degradation,
possibly because the enzymes targeting these substrates are expressed at constitutively high
levels. Nevertheless, given the heterogeneous distribution of SOM constituents, our results
suggest a novel low-concentration constraint on SOM decomposition that is independent of
chemical recalcitrance. These results may help explain the stability of at least some SOM
constituents, especially those that naturally exist in relatively low concentrations in the soil
environment.
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INTRODUCTION
The amount of carbon (C) stored in soils is ;3300 Pg
(1 Pg ¼ 1 3 1012 kg), nearly four times the amount in
living plants around the globe (Jobbágy and Jackson
2000, Tarnocai et al. 2009). However, the mechanisms
regulating the decomposition of this soil organic matter
(SOM) remain incompletely understood, especially in
response to human activities. For instance, humans have
the potential to alter the amount of C in soils through
climate change, fertilizer application, and land clearing
for agriculture and development (Trumbore 1997,
Mellilo et al. 2002, Hyvönen et al. 2007, Bardgett et al.
2008). Given the role of the C cycle (atmospheric CO2 in
particular) in regulating climate change, it is critical to
improve our understanding of the factors that inﬂuence
the world’s largest stocks of organic C.
Many factors inﬂuence SOM stability (i.e., residence
time) in soils, including sorption to mineral surfaces and
occlusion within small pores (Sollins et al. 1996,
Zimmerman et al. 2004, Kleber et al. 2007, Grandy
and Neff 2008), population dynamics and competitive
interactions among soil biota (Allison 2005, Ekschmitt
et al. 2005), recalcitrance of chemical bond structures to
degradation (Sollins et al. 1996, von Lützow et al. 2006),
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and the heterogeneous distribution of SOM constituents
(Ekschmitt et al. 2005, Allison 2006). Although these
physical, chemical, and biological mechanisms are
broadly recognized and important, research on SOM
decomposition often overlooks the physiology of the
microorganisms responsible for most SOM decay and
biological mechanisms that can impede microbial attack
on SOM (Kleber 2010). Nearly all widely used
simulation models characterize decomposition rate as a
k value that is constant for a given type of SOM but that
varies with abiotic factors such as temperature and
moisture (Parton et al. 1987, Potter et al. 1993, Schimel
and Weintraub 2003, Friedlingstein et al. 2006).
However, it has long been known that microbes are
the proximate drivers of decomposition through their
production of extracellular digestive enzymes and
metabolism of low molecular weight SOM (Skujins
1976, Burns 1982, Sinsabaugh et al. 1991). Therefore,
prediction of decomposition rates should take into
account the physiology and enzymatic function of
microbial decomposers (Schimel and Weintraub 2003).
Like all organisms, microbial decomposers can only
express a ﬁnite number of metabolic pathways, each of
which requires an input of energy and resources (e.g., N
and C). In Escherichia coli, for example, lactose operon
expression declines with decreasing lactose concentration, to a point that expression ceases entirely below
lactose concentrations of ;1 mmol/L (Dekel and Alon
2005). Thus, a threshold can be reached below which it
becomes too costly to express a particular enzyme
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dashed lines). As a null hypothesis, we assumed that the
decomposition rate (deﬁned as the proportion of
substrate lost per unit time) would be constant for a
given substrate and therefore not vary with concentration (Fig. 1, solid lines). Under the null model, CO2
production should vary linearly with the concentration
of a particular substrate (i.e., with a constant slope).
Using ﬁeld and laboratory approaches, we tested the
resource allocation hypothesis using three polysaccharides (i.e., cellulose, hemicellulose, and starch), each of
which are found in litter and soil, but are degraded by
different enzymes. We chose polysaccharides for this
experiment because they are degraded by hydrolytic
enzymes with high substrate speciﬁcity, thus allowing for
a direct test of our hypothesis. To our knowledge, the
potential constraint of concentration on SOM decomposition has not been recognized or characterized, yet
may provide an additional mechanism to explain the
stability of SOM (Bol et al. 2009, Kleber 2010).
MATERIALS

AND

METHODS

Field experiment
FIG. 1. A conceptual model of the effects of substrate
concentration on the decomposition rate of that substrate. The
null hypothesis is that decomposition rate (proportion of
substrate mineralized per unit time) for a single substrate
should be constant regardless of substrate concentration (upper
panel, solid line). Therefore, the amount of C mineralized from
a given substrate (OM, organic matter) should vary linearly
with the concentration of that substrate (lower panel, solid
line). However, the resource allocation hypothesis (lowconcentration constraint) holds that decomposition rate is
concentration dependent, such that a substrate will decompose
at a progressively slower rate once the concentration of that
substrate falls below a threshold (upper panel, dashed line).
Thus, the amount of CO2 produced from that substrate begins
to decrease nonlinearly below some threshold substrate
concentration (lower panel, dashed line). The model may apply
to multiple scales and, hence, is depicted without values for the
y-axis.

relative to the expected beneﬁt of substrate metabolism.
Similar thresholds for resource allocation may be
important in soil because microbial decomposers encounter an array of C substrates (Kelleher and Simpson
2006, Lehmann et al. 2008) with concentrations that
vary spatially and temporally (Allison 2006). The
decomposition of these different SOM constituents
(e.g., polysaccharides, lignins, proteins) may require
microbial allocation to many distinct extracellular
enzymes and metabolic pathways. However, investing
resources in the degradation of low-concentration SOM
substrates may not be energetically favorable for some
microbial decomposers.
In accordance with theory on resource allocation
(Koch 1985), we hypothesized that decomposition rates
would decrease at low substrate concentrations due to a
reduction in the expression of enzymes targeting the
substrate (the ‘‘resource allocation hypothesis’’; Fig. 1,

A ﬁeld experiment was performed using soils from a
black spruce (Picea mariana) forest located in central
Alaska, USA (63855 0 N, 145844 0 W; see Plate 1). Soils at
this site are acidic inceptisols (pH 5) classiﬁed as silt
loams underlain by silt and gravel with 15% SOM in the
organic horizon (Richter et al. 2000, Treseder et al.
2004). The goal of this study was to test whether carbon
substrates at low concentrations degrade more slowly
than at higher concentrations (Fig. 1). However, we
wanted to avoid confounding substrate concentration
with the total availability of energy or carbon. Thus, we
constructed soil cores that contained two organic
substrates: an unlabeled, high-concentration substrate,
and a low-concentration 13C-labeled substrate (Fig. 2).
To control for the exact quantity and type of organic
matter present in the soil cores, soil collected from the
ﬁeld site during the previous growing season (2008),
which had been frozen at 208C, was combusted in a
mufﬂe furnace at 5508C for three hours to remove the
native SOM. Following combustion, the soil was divided
into portions that received different organic substrates
at a ﬁnal concentration of 50 mg/g soil. Thus, all cores
had the same amount of total C, but varied in the type of
C present, and all featured realistic soil mineralogy for
the ﬁeld site. Three organic matter combinations were
made, each containing a high-concentration background
C substrate, and a low-concentration C substrate that
composed progressively less of the total organic matter
(Fig. 2). One combination contained 13C-labeled starch
at levels of 0.01, 0.1, 1, and 5% of the total organic
matter, with cellulose composing the difference. Another
combination had 13C-labeled cellulose with the difference composed of unlabeled starch. As a control, we
included cores with 13C-labeled cellulose with the
difference composed of unlabeled cellulose. Hemicellulose was not used in the ﬁeld incubations, but was used
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in the laboratory microcosm experiment (see Laboratory
microcosm experiment). All labeled substrates were
purchased from IsoLife BV (Wageningen, The Netherlands), and all other reagents were purchased from
Sigma-Aldrich (St. Louis, Missouri, USA). Approximately 28 g of the soil–organic matter mixture was
added to each core, which was constructed of 2.5 3 5 cm
polyvinyl chloride (PVC) with 250-lm mesh on the
bottom to prevent soil loss, but allowed water and
solutes to pass through (see Plate 1). Each substrate–
concentration combination was replicated four times.
Thus, with three substrates, four substrate–concentration combinations, and n ¼ 4 for each combination, we
had a total of 48 cores. The cores were randomly placed
in the ground at least 1 m apart in a 10 3 10 m plot and
were allowed to incubate in the ﬁeld for ﬁve months
(May–September 2009), the length of the growing
season at the ﬁeld site. At the beginning of the
experiment (May 2009), each core was inoculated with
soil microorganisms by adding 1 mL of inoculant, which
was made by diluting fresh soil from the ﬁeld site (1:1000
mass : volume) in local well water.
Following the ﬁeld incubation, each soil core was
collected and placed in a 60-m L screw-cap vial and kept
cold (48C) for transport back to University of California, Irvine, California, USA. Upon arrival, soil samples
were stored at 808C until analyzed.
Laboratory microcosm experiment
Microcosms were established in septum-capped 40
mL vials containing 2 g of sterile sand, 100 mg total
substrate, and 800 lL of microbial inoculum created
by diluting (1:1000 w:v) fresh Alaskan soil (collected
May 2009) in a sterile minimal-nutrient solution
(Allison et al. 2009). As with the ﬁeld experiment,
the C substrates were a mixture of a 13C-labeled
substrate and a non-labeled background substrate, and
the same substrates were used in the laboratory as in
the ﬁeld. With a total substrate addition of 100 mg,
13
C-labeled substrates were added at levels of 0, 0.01,
0.1, 1, 5, 10, and 20 mg, with the remainder composed
of unlabeled cellulose (or unlabeled starch; Fig. 2).
Each microcosm, therefore, contained the same
amount of C, and each substrate–concentration
combination was replicated four times. Four additional control microcosms were constructed that contained
sand and inoculum, but no C substrate. CO 2
concentrations in the microcosms were measured every
seven days, and the concentrations were used to
calculate cumulative CO2 respiration over a nine-week
incubation period at 108C, the mean daily temperature
at the ﬁeld site during the growing season (Allison and
Treseder 2008). For each measurement, an 8-mL
subsample of headspace gas was withdrawn by syringe
and injected into an infrared gas analyzer (PP-Systems
EGM-4, Amesbury, Massachusetts, USA). After
measurement, vials were ﬂushed with CO2 free air
(zero-air) and then closed. CO2 concentrations never

1473

FIG. 2. Schematic representing the overall experimental
design of this study. Organic matter present in ﬁeld cores or
laboratory microcosms was partitioned into two parts: a highconcentration, unlabeled C substrate (open portion of boxes),
and a low-concentration, 13C-labeled substrate (solid portions
of boxes). A gradient of the substrates was established with
increasing concentrations of the ‘‘low-concentration’’ substrate.
Concentrations are in percentage of total C. Decomposition
rate of, and digestive-enzyme activity against, the ‘‘lowconcentration’’ substrate were hypothesized to follow substrate
concentration (see Fig. 1). Note that this diagram is not to scale
in order to show differences among the lower concentrations of
the substrate. The two highest concentrations of the ‘‘lowconcentration’’ substrate (10% and 20%) were only tested in the
laboratory microcosm experiment, and not in the ﬁeld.

exceeded 3600 ppm for any seven-day period, so
anaerobic conditions were unlikely to have occurred in
the vials. The CO2 concentrations of blank vials were
subtracted from sample vials to calculate cumulative
respiration of substrate C. The gas draw from week
nine was used to measure the amount of 13C respired
under the different substrate–concentration combinations (see following section: Stable isotopic measurements).
Additional microcosms were constructed in the same
manner, but were not used for gas analyses. These
microcosms were frozen at weeks 2 and 10 of the
microcosm experiment and used for assays of extracellular digestive-enzyme activities (see following section:
Extracellular digestive-enzyme activities).
A second microcosm experiment was run using 13Clabeled starch and hemicellulose (with unlabeled cellulose making up the difference) to conﬁrm the results of
the ﬁrst experiment, and to test whether a pattern could
be observed with hemicellulose. Gas samples from weeks
4 and 9 were sent for stable isotopic measurements to
test whether it was problematic to wait until the ninth
week to measure the isotopic signature of respired CO2,
as was done in the ﬁrst laboratory microcosm experiment. In both experiments it took approximately one
week for microbes to establish in the microcosms and
generate detectable amounts of CO2.
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Moisture and organic matter contents
Moisture content of soils collected from the ﬁeld site
and from the incubated ﬁeld cores was determined with
1-g samples dried at 1058C for 24 h. Total organic
matter content was subsequently determined by combusting the dried soil at 5508C for 3 h. The difference in
mass of the sample before and after combustion
represented the total organic matter content.
Stable isotopic measurements
All stable isotopic analyses were performed in the
Stable Isotope Facility at the University of California,
Davis, California, USA. On week nine of the microcosm
experiment (and weeks four and nine of the second
microcosm experiment), 8 mL of gas was drawn from
each vial with a syringe and transferred to 12-mL,
septum-capped vials (Labco, Buckinghamshire, UK)
ﬁlled with helium. The CO2 samples were run through a
Poroplot Q GC column (15 m 3 0.53 mm ID [interior
diameter], 258C, 3 mL/min) interfaced to a PDZ Europa
20–20 isotope ratio mass spectrometer (Sercon, Cheshire, UK). Soil organic matter mixtures from the ﬁeld
cores were dried at 608C for 24 h, mixed vigorously by
hand, and ;20 mg of the core contents were placed in
tin capsules and combusted in a PDZ Europa ANCAGSL elemental analyzer interfaced to a PDZ Europa
(Sercon, Cheshire, UK) 20–20 isotope ratio mass
spectrometer.
Stable-isotope abundances of CO2 from the laboratory microcosm experiment and soil from the ﬁeld cores
are expressed in delta (d) units, deﬁned as parts per
thousand (%) relative to the standard as follows:
d ¼ ½ðRsamp =Rstan Þ  1ð1000Þ

ð1Þ

where Rsamp and Rstan are the corresponding ratios of
heavy to light isotopes (13C:12C) in the sample and
standard, respectively. Rstan for 13C was NIST 8560
(IAEA CH-7 for the soil samples). Standards were
inserted in all runs at regular intervals to calibrate the
system and correct for drift.
For the laboratory microcosm experiment, the precise
proportion and isotopic signatures of the different C
substrates present in each microcosm were known.
Therefore, we could use the following linear mixing
model to deﬁne the fractions of the different carbon
substrates present in the microcosms:
d13 Cpredicted ¼ pA d13 CA þ pB d13 CB

ð2Þ

where pX is the proportion of the available substrate
composed of component X, and the d13CX is the isotopic
signature of that component. The decomposition ratio
was calculated as the fraction of CO2 carbon coming
from the low-concentration substrate (FCO2,low), as
determined from the microcosm CO2 isotopic signatures, to the fraction of low-concentration substrate C
added to the microcosms (FClow), as determined from
the mixing model. The decomposition ratio allowed us
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to verify whether the decomposition rate of the 13Clabeled substrate was constant over the range of
substrate concentrations examined (null hypothesis), or
if it deviated from the predicted line (Fig. 1, lower panel,
dashed line). For the ﬁeld cores, the decomposition ratio
was calculated as the ratio of low-concentration
substrate C in the initial material prior to ﬁeld
incubation (FCi ) to the fraction of low-concentration
substrate C in the ﬁnal material following the ﬁeld
incubation (FCf ). As with the microcosm experiment, if
decomposition proceeded linearly with concentration,
then the low-concentration substrate C of the ﬁnal
material would be identical to the starting material.
Extracellular digestive-enzyme activities
Enzymes were assayed in soil–organic matter mixtures
recovered from the ﬁeld cores and in the microcosms
used in the laboratory. For the ﬁeld cores, a 5-g
subsample from each core was taken prior to drying
the soil for stable isotopic analyses. Homogenate was
prepared by dispersing 1 g of this subsample in 125 mL
of 50 mmol/L sodium acetate buffer, pH 5, consistent
with the pH of the soil from the ﬁeld site (King et al.
2002). Microcosms were prepared for enzyme assays as
described by Allison et al. (2009).
Cellobiohydrolase (EC 3.2.1.91), b-glucosidase (EC
3.2.1.21), b-xylosidase (EC 3.2.1.37), a-glucosidase (EC
3.2.1.20), and N-acetyl-b-D-glucosaminidase (EC
3.2.6.1) activities were assayed in soil homogenates
following a modiﬁed version of the protocol described
by Allison et al. (2009) (Table 1). Brieﬂy, 50 lL of
ﬂuorometric substrate solution was combined with 200
lL of soil homogenate in a microplate and incubated for
one hour at 108C. The reaction was stopped by the
addition of 10 lL of 1 mol/L NaOH, and after a 10-min
development period, the amount of ﬂuorescence was
determined in a ﬂuorometer (Biotek Synergy 4, Winooski, Vermont, USA) at 360 nm excitation and 460
nm emission. The assay of each enzyme was replicated
eight times in each plate, and each plate included a
standard curve of the product (4-methylumbelliferone;
MUB), substrate controls, and homogenate controls.
Enzymatic activity (nmol product releasedh1[g dry
soil]1) was calculated from the MUB standard curve
following DeForest (2009). All reactions were run at
saturating substrate concentrations as determined for
each enzyme with soils from the ﬁeld site, and linearity
of the reaction was conﬁrmed for the one-hour assay
duration.
Statistics
The mass loss of organic matter (%) was determined
for the ﬁeld cores using the equation:
1  ðSOMf =SOMi Þ 3 100

ð3Þ

where SOMf is the ﬁnal amount of organic matter
remaining in the cores following the ﬁeld incubation,
and SOMi is the initial amount of organic matter present

July 2011

CONSTRAINTS ON MICROBIAL DECOMPOSITION

1475

TABLE 1. Enzymes measured in this study, including their functions, substrates, and classiﬁcation.

Enzyme

Enzyme function

Cellobiohydrolase

hydrolyzes 1,4-b-D-glucosidic linkages in cellulose
and cellotetraose
hydrolyzes 1,4 linked b-D-glucose residues from bD-glucosides
hydrolyzes 1,4 linked b-D-xylose residues from bD-xylosides
hydrolyzes 1,4-linked a-D-glucose residues from aD-glucosides
hydrolyzes 1,4 linked N-acetyl-b-D-glucosaminide
residues in chitooligosaccharides (chitin-derived
oligomers)

b-glucosidase
b-xylosidase
a-glucosidase
N-acetyl-b-Dglucosaminidase

Assay substrate

Assay substrate
concentration
(lmol/L)

4-MUB-b-D-cellobioside

100

4-MUB-b-D-glucoside

200

4-MUB-b-D-xyloside

200

4-MUB-a-D-glucoside

200

4-MUB-N-acetyl-b-D-glucosaminide

400

MUB is the abbreviation for methylumbelliferone, a ﬂuorescent dye.

in the starting material at the beginning of the
experiment.
Enzyme activities, percentage of mass loss, and
cumulative CO2 evolved in the laboratory microcosms
were evaluated using regression, with substrate concentration as the independent variable. The exact model
used (linear, logarithmic, or exponential) varied by
analysis and is noted in the Results. Because the soil
samples for stable isotopic analyses were mixed by hand,
there was some heterogeneity in the distribution of SOM
in the soil matrix. Hence, some of the analytical
replicates from the stable isotopic analyses of the ﬁeld
cores and starting material contained low C concentrations (,300 lg C per replicate), which led to unreliable
stable isotopic measurements for those replicates. To
control for this, isotopic data from analytical replicates
that had C concentrations ,300 lg C were removed
from the analysis, resulting in three to six analytical
replicates per core. The decomposition ratio was plotted
as a function of substrate concentration and examined
with regression analyses. Normality was conﬁrmed for
all analyses before running the regressions, and homogeneity of variance was conﬁrmed with Levine’s test.

nidase activities were undetectable at the highest starch
concentrations (95–99.99%). The opposite would be
predicted for a-glucosidase by the resource allocation
hypothesis. Low enzyme activities could indicate a lower
microbial abundance in the high starch treatments,
although the mass loss of SOM from the ﬁeld cores
showed no relationship with starch concentration (F1,47
¼ 0.66, P ¼ 0.421, R 2 ¼ 0.01).
Laboratory microcosm experiment
The microcosms revealed similar results to the ﬁeld
cores for starch decomposition: The rate of starch
degradation decreased with decreasing starch concentration (Fig. 5). This was conﬁrmed at weeks four (F1,40
¼ 68.85, P , 0.001, R 2 ¼ 0.63) and nine (F1,40 ¼ 46.05, P
, 0.001, R 2 ¼ 0.55) of the second microcosm
experiment, showing that the pattern was identical early
and late during the microcosm incubation. Cellulose
(F1,46 ¼ 0.097, P ¼ 0.759, R 2 ¼ 0.01) and hemicellulose
(F1,46 ¼ 0.195, P ¼ 0.661, R 2 ¼ 0.01) degradation in the

RESULTS
Field experiment
Among the different combinations of substrates
investigated in the ﬁeld experiment, the decomposition
of starch decreased as starch concentration declined
(F1,15 ¼ 16.69, P , 0.001, R 2 ¼ 0.54; Fig. 3). However,
there was no relationship between decomposition and
substrate concentration for 13C-labeled cellulose in a
matrix of unlabeled cellulose (F1,15 ¼ 0.360, P ¼ 0.558,
R 2 ¼ 0.03) or 13C-labeled cellulose in a matrix of
unlabeled starch (F1,15 ¼ 3.45, P ¼ 0.084, R 2 ¼ 0.18) In
support of the resource allocation hypothesis, bglucosidase and cellobiohydrolase activities signiﬁcantly
decreased with decreasing cellulose concentration (increasing starch concentration; Fig. 4). In contrast, aglucosidase showed no relationship with starch concentration, and a-glucosidase and N-acetyl-b-D-glucosami-

FIG. 3. Decomposition ratio plotted as a function of starch
concentration for ﬁeld-incubated cores [FC ¼ fraction of lowconcentration substrate C in the starting material before ﬁeld
incubation (i, initial) or following ﬁeld incubation (f, ﬁnal)]. A
logarithmic model provided the best ﬁt, showing a signiﬁcant
relationship between starch concentration and decomposition
ratio (F1,15 ¼ 16.69, P , 0.001, R 2 ¼ 0.54). Values are means 6
SE. Cellulose composed the remainder of the soil organic
matter (SOM) in each microcosm, as depicted in Fig. 2.
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FIG. 4. The b-glucosidase (BG) and cellobiohydrolase (CBH) activities as a function of starch concentration in ﬁeld-incubated
soil cores. The remainder of the SOM in each core was composed of cellulose, and the cellulose concentrations are listed beneath
the starch concentrations on the x-axis. The relationship between activity and starch concentration was best described by
logarithmic models and was signiﬁcant for BG (F1,29 ¼ 38.31, P , 0.001, R 2 ¼ 0.58) and CBH (F1,24 ¼ 35.30, P , 0.001, R 2 ¼ 0.61).
In the inset panel, a-glucosidase (AG) was not detectable at the highest starch concentrations, and the relationship between activity
and starch concentration was not signiﬁcant for the concentrations presented (logarithmic F1,15 ¼ 3.10, P ¼ 0.100, R 2 ¼ 0.18).
Values in both panels are means 6 SE.

laboratory microcosms showed no signiﬁcant relationship with substrate concentration, following the null
hypothesis. The total C respired in the laboratory
microcosm experiment showed a signiﬁcant negative
relationship with starch concentration (F1,47 ¼ 35.26, P
, 0.001, R 2 ¼ 0.64; Table 2). In support of the resource
allocation hypothesis, a-glucosidase activity showed a
signiﬁcant positive relationship with starch concentration in the laboratory (Fig. 6). No relationship was
found between cellulose concentration and b-glucosidase activities (F1,27 ¼ 0.780, P ¼ 0.385, R 2 ¼ 0.01) or
between hemicellulose concentration and b-xylosidase
activities (F1,46 ¼ 0.030, P ¼ 0.869, R 2 ¼ 0.03) in the
laboratory.

sition, but this may not be true for all types of SOM
compounds, especially abundant ones like cellulose and
hemicellulose.
Our results are relevant for soil carbon cycling
because ‘‘humic substances,’’ which compose ;50% of
SOM (Hayes et al. 1989, Orlov 1990, Lal 2004), may be
composed largely of common plant and microbial
polymers (e.g., cellulose, starch, lignin, chitin) and their
degradation products (Kelleher and Simpson 2006), as
opposed to highly diverse, chemically recalcitrant
structures. Indeed, this may be true of SOM in general
(Kleber et al. 2010). These ﬁndings are important

DISCUSSION
We hypothesized that the decomposition rates of
organic compounds would decrease with decreasing
substrate concentration, both in terms of C mineralization and in terms of digestive-enzyme activities against
these C substrates. Of the three substrates we tested,
only starch was consistent with our hypothesis, whereas
cellulose and hemicellulose decomposition more or less
ﬁt the null hypothesis. Consistent with the resource
allocation hypothesis, b-glucosidase and cellobiohydrolase activities declined at low cellulose concentrations in
the ﬁeld incubation, but not in the laboratory microcosm experiments. Activity of a-glucosidase was positively related to starch concentration when a broad
enough range of starch concentrations were included
(e.g., concentrations greater than 10% of total SOM).
Overall, our results suggest that SOM constituents that
exist in low concentration may indeed escape decompo-

FIG. 5. Decomposition ratio plotted as a function of starch
concentration for the laboratory microcosm experiment
(FCO2, low ¼ fraction of CO2 C released from the lowconcentration substrate; FClow ¼ fraction of low-concentration
substrate C added to the micrososms. An exponential model
provided the best ﬁt, showing a signiﬁcant relationship between
starch concentration and decomposition ratio (F1,21 ¼ 15.18, P
¼ 0.008, R 2 ¼ 0.42). Values are means 6 SE. Cellulose
comprised the remainder of the SOM in each microcosm.
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TABLE 2. Cumulative CO2 respiration as a function of starch
concentration across a nine-week laboratory microcosm
experiment.
Starch concentration Cellulose concentration
(percentage of SOM) (percentage of SOM)
0.00
0.01
0.10
1.00
5.00
10.00
20.00
80.00
90.00
95.00
99.00
99.90
99.99

100.00
99.99
99.90
99.00
95.00
90.00
80.00
20.00
10.00
5.00
1.00
0.10
0.01

CO2 respired
(lg)
52.65
77.86
84.42
104.81
57.50
49.72
55.34
39.39
45.51
41.99
28.12
26.16
46.66

6
6
6
6
6
6
6
6
6
6
6
6
6

10.88
10.82
11.21
15.00
6.34
10.81
3.04
9.75
3.23
8.18
4.04
6.68
8.68

Notes: Values are means 6 SE (n ¼ 4); SOM is soil organic
matter. A logarithmic model was used to examine the
relationship between starch concentration and CO2 production,
which was signiﬁcant (F1,47 ¼ 35.26, P , 0.001, R 2 ¼ 0.64).

because they imply that factors such as physical
protection, enzymatic constraints, and soil microenvironment may inﬂuence SOM stability more than
chemical recalcitrance (Schimel and Weintraub 2003,
Ekschmitt et al. 2005, Kleber 2010). Given that the bulk
of SOM is considered ‘‘stabilized’’ (von Lützow and
Kögel-Knabner 2009), it is imperative to identify the full
complement of mechanisms that lead to stabilization
(von Lützow et al. 2006, Kleber 2010). Our data on
starch degradation suggest that it is possible for
common (but not necessarily abundant) polymers, like
starch, to be stabilized in SOM based on concentration
alone. Furthermore, based on the laboratory microcosm
experiments, it appears that within our experimental
design, starch concentrations .10% of total SOM (or 10
mg/g dry soil) may be necessary to induce greater
a-glucosidase activity. Given the heterogeneity of SOM
(Allison 2006), microbes may rarely encounter starch
concentrations this high. For example, starch concentrations are ,1% of total SOM in boreal forest soil near
our sampling site (S. D. Allison, unpublished data).
Fungi are the primary decomposers in the soil
environment (Paul and Clark 1996) and, similar to
animals, fungi use glycogen (a branched form of starch)
as a storage polysaccharide (Smith and Read 2008).
Thus, at least intracellularly, most fungi likely metabolize starch, but it is clearly not abundant extracellularly
within the soil matrix. Hence, low a-glucosidase
activities coupled with low starch inputs may allow C
substrates like starch to persist in SOM, even if they do
not contain chemically ‘‘recalcitrant’’ structures (Kleber
2010). This observation is also consistent with Schimel
and Weintraub’s (2003) prediction that enzyme saturation may be more important in limiting C ﬂow from a
substrate than the chemical recalcitrance of the substrate
itself.
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Although similar patterns of increasing starch decomposition with increasing starch concentrations were
observed in the ﬁeld and in the laboratory, the two
experiments showed different concentration thresholds
for decomposition. For instance, rates of starch
degradation rapidly declined when starch concentrations
fell below 1% of SOM in the ﬁeld cores, but this
threshold was ,10% in the laboratory microcosms. This
difference in threshold value is likely due to the different
environments inherent in the two experiments. The ﬁeld
cores were inoculated at the beginning of the ﬁeld
incubation, but they were open to additional microbial
invasions during the course of the experiment. This may
have allowed for more microorganisms specializing in
starch decomposition to colonize the cores over time. On
the other hand, the laboratory microcosms were
inoculated once and were closed systems, only allowing
microbes present in the soil inoculum to establish in the
microcosms. The inoculum may have contained few
starch degrading taxa, and thus, higher starch concentrations were required for starch degraders to establish
and produce a-glucosidase. This explanation is corroborated by the observation that the decomposition ratios
of the microcosms were below one for all starch
concentrations, whereas they only fell below one at
starch concentrations of ,1% in the ﬁeld.
Starch can be a common component of plant litter
(Mooney 1972), but it may be used by a small subset of
the microbial decomposer community (Schimel et al.
1992, Prescott and McDonald 1994). This suggestion is
supported by our observation that a-glucosidase
activities were two orders of magnitude lower than
cellulolytic and hemicellulolytic activities, a pattern
that has also been observed in other habitats (Tabatabai 1994, Gutknecht et al. 2010, Hernandez and Hobbie

FIG. 6. The a-glucosidase activity as a function of starch
concentration from the laboratory microcosm experiment.
Values are means 6 SE. The logarithmic regression among
activity and starch concentration was signiﬁcant for week 2
(F1,23 ¼ 23.34, P , 0.001, R 2 ¼ 0.52) and week 10 (F1,23 ¼ 29.22,
P , 0.001, R 2 ¼ 0.57), and the a-glucosidase activity in the 20%
starch concentration was signiﬁcantly higher than this activity
at the lowest starch concentrations at both time intervals (P ,
0.001). Cellulose comprised the remainder of the SOM in each
microcosm.

1478

DONOVAN P. GERMAN ET AL.

PLATE 1. Photos of the ﬁeld site at Donnelly Flats, Fort
Greely, Alaska: (top) view of Donnelly Flats from a bluff
showing the boreal forest below and the Granite Peaks in the
distance; (bottom) a soil core (with 1-mm mesh screen on top to
prevent debris from entering the core) incubating in the ground
during the growing season. Photo credits: top, S. D. Allison;
bottom, D. P. German.

2010). Cellulose and hemicellulose, on the other hand,
compose approximately 40% and 10% of litter mass,
respectively (Berg and McClaugherty 2008), and
together compose at least 25% of SOM in boreal forest
soil near our sampling site (S.D. Allison, unpublished
data). Given the abundance of cellulose and hemicellulose, many microbial decomposers may preferentially
degrade these polymers when present at any concen-
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tration, as long as they are within a favorable environment (Ekschmitt et al. 2005). Detectable bglucosidase (;18 nmolh1g1) and cellobiohydrolase
(;1 nmolh1g1) activities in microcosms and ﬁeld
cores containing only starch and no cellulose (data not
shown) support this contention. In addition, Hernandez and Hobbie (2010) found that b-glucosidase
activities were similar in microcosms containing either
starch or cellulose as the main C source.
In support of the resource allocation hypothesis, bglucosidase and cellobiohydrolase activities decreased
with decreasing cellulose concentration in the ﬁeld cores.
Consistent with these enzymatic patterns, the 100%
cellulose treatments (mean 6 SD; 19.41% 6 2.24% mass
loss) lost signiﬁcantly more SOM (t ¼ 6.33, P ¼ 0.001, df
¼ 6) than the 0.01% cellulose treatments (4.39% 6 4.19%
mass loss). However, the overall regression of SOM
mass loss on cellulose concentration was not signiﬁcant.
Thus, cellulose-degrading enzyme activities matched
differences in SOM mass loss at the extreme ends of
our treatments, but not across the range of substrate
concentrations tested in the ﬁeld cores. This variation
may reﬂect the difﬁculty of accurately measuring
extracellular enzymes in soil, where potential enzyme
activities do not always correlate with decomposition
rates (Allison and Vitousek 2004, Allison et al. 2007,
Hernandez and Hobbie 2010). Factors such as enzyme
stabilization on mineral surfaces, spatial separation of
enzymes from substrates, and microscale heterogeneity
often reduce the correspondence between potential
activity and decay rates (Burns 1982, Tabatabai 1994).
Total respiration in laboratory microcosms increased
with hemicellulose concentration, and 13C-labeled hemicellulose was mineralized at a rate higher than predicted
by concentration alone at all hemicellulose concentrations tested. This high level of hemicellulose degradation
may be explained by the consistent high level of bxylosidase activities observed in the microcosms. Therefore, in contrast with starch, extremely low concentrations of cellulose or hemicellulose would be required for
stabilization of these substrates in SOM. Because .90%
of the ;12 000 fulvic acid constituents found in soil
from our ﬁeld site exist at relative abundances of
,0.00017 (S. D. Allison, unpublished FT-ICRMS data),
low concentration may remain a potential stabilizing
mechanism for cellulose and hemicellulose, or at least
for their degradation products (Kelleher and Simpson
2006). This potential remains to be tested.
In conclusion, we found support for the hypothesis
that the decomposition rate of starch in soil changes
with substrate concentration. Constrained decomposition at low concentration may be particularly important
for substrates that only induce increased enzyme
expression at relatively high (.10% of SOM) concentrations, as we observed for a-glucosidase activities and
starch. We only investigated a small number of chemical
compounds, but low concentrations could limit the
decomposition of other low-concentration plant-derived
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SOM constituents such as mannan and its degradation
products and polysaccharides containing L-rhamnose.
Kleber et al. (2010) suggest that the turnover of SOM is
best viewed as the interaction between substrates,
microbial decomposers, and abiotic factors. Our data
demonstrate a potential constraint on decomposition
that arises because of limits on microbial allocation of
extracellular digestive enzymes that target SOM substrates low in concentration. In the context of global
change, warming is predicted to reduce microbial
decomposer carbon use efﬁciency, which has the effect
of reducing microbial biomass and extracellular enzyme
expression in soils (Allison et al. 2010). Hence, in concert
with the predictions of Allison et al. (2010), our study
suggests that a decrease in extracellular enzyme expression could further stabilize SOM, and low-concentration
organic C substrates in particular.
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